we will review some recent developments in the application of quantitative imaging to analyze subcellular distribution and co-localization of proteins in populations of living cells. In this report, we review the principles of acquiring fluorescence resonance energy transfer (FRET) microscopy measurements to define the spatial relationships between proteins. We then discuss how fluorescence lifetime imaging microscopy (FLIM) provides a method that is independent of intensitybased measurements to detect localized protein interactions with spatial resolution. Finally, we consider potential problems associated with the expression of proteins fused to fluorescent proteins for FRET-based measurements from living cells.
INTRODUCTION
Genetically encoded fluorescent proteins have transformed studies in cell biology by allowing the behavior of proteins to be tracked in their natural environment within the living cell. Over the past decade, fluorescent proteins have become widely used as noninvasive markers in living cells because their fluorescence does not require the addition of cofactors, and they are very stable and well tolerated by most cell types. The successful integration of these proteins into living systems is illustrated by the many examples of healthy transgenic mice that carry the fluorescent protein markers (1) (2) (3) . The extensive mutagenesis of the jellyfish green fluorescent protein (GFP), combined with the cloning of new fluorescent protein variants from corals, has yielded fluorescent proteins that emit light from the blue to the red range of the visible spectrum (4) (5) (6) (7) . The full spectrum of fluorescent protein color variants is being exploited in multicolor fluorescence microscopy experiments to track the distribution of different proteins in the same living cells, allowing for the direct visualization of subcellular protein recruitment, co-localization, and transcription (8) (9) (10) (11) (12) (13) . Through the combination of fluorescent proteins and advanced digital imaging technologies, it is now possible to visualize diverse biological processes inside the living cell, providing an important complement to the biochemical methods that are traditionally used in this analysis (14) (15) (16) (17) .
With these advances in live-cell imaging, however, come increasingly complex digital imaging data sets that must be accurately analyzed. Individual digital images may contain more than one million data points, and multidimensional imaging experiments may produce hundreds of images (18) (19) (20) . In addition, there is often substantial cell-to-cell heterogeneity in the distribution of proteins of interest, making any analysis based on "representative images" difficult, if not impossible. Using protein localization in the mammalian cell nucleus as an example, we will review some recent developments in the application of quantitative imaging to analyze subcellular distribution and co-localization of proteins in populations of living cells. We will discuss the use of computer vision algorithms for the extraction of information from large digital imaging data sets, and bioinformatics tools to manage these data sets.
These quantitative imaging approaches are being used to monitor the co-localization of proteins within different subcellular compartments, providing critical information about cell physiology and pathophysiology. The problem is that the detection of protein co-localization alone cannot distinguish proteins with overlapping distribution from those proteins that are interacting in significant ways. Importantly, the spectral properties of fluorescent proteins also allow them to be used as probes in fluorescence
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in the cell nucleus REVIEW resonance energy transfer (FRET) microscopy, which can provide information about the spatial relationships of proteins on the scale of angstroms (21) (22) (23) (24) . Generally, FRET microscopy methods are classified into intensity-based and fluorescence decay kinetics-based approaches (14) (15) (16) (17) . We will review some recent applications of intensity-based FRET microscopy techniques to define the spatial relationships between proteins in living cells and then discuss how measurements based on fluorescence decay kinetics can confirm and extend these observations. Finally, we will discuss potential problems associated with the expression of proteins fused to fluorescent proteins for FRET-based measurements from living cells.
IMAGING PROTEIN BEHAVIOR IN THE LIVING CELL NUCLEUS
Here we use protein localization in the mammalian cell nucleus as an example to illustrate some recent developments in digital imaging. The mammalian cell nucleus contains a variety of subnuclear domains where proteins with specialized functions are localized. These domains range from spherical bodies to diffuse and irregular speckles and have been visualized by both indirect immunofluorescence microscopy and by labeling of the constituent proteins with fluorescent proteins (25) (26) (27) . For example, subunits of the mRNA splicing machinery localize in domains called nuclear speckles (28) , p80 coilin is assembled in Cajal bodies (29) , and the promyelocytic leukemia protein (PML) is localized in PML nuclear bodies (30) . The partitioning of these different subcompartments in the nucleus without intervening membranes indicates that they likely formed by a process of self-assembly (27, 31) . The mechanisms that regulate and maintain these higher order protein assemblies in intact cells must be defined to understand the function of these subnuclear domains.
This objective is being achieved through a variety of different imaging techniques to characterize the behavior of proteins within these subcompartments in the living cells nucleus. For example, various classes of nuclear bodies have been visualized by the expression of fluorescent proteinlabeled component proteins, allowing their positioning and movement to be observed over time in living cells. This approach was used to demonstrate the energy-dependent movement of both PML and Cajal bodies within the nuclei of living cells and showed that Cajal bodies could merge and bud from one another (10, 30) . By imaging proteins labeled with different color fluorescent proteins, Platani and colleagues (32) showed that two different protein components, coilin and fibrillarin, were co-localized in the Cajal bodies. Importantly, this co-localization approach also revealed that the protein composition of the Cajal bodies changed over time (32) . Thus, measurements of co-localization by multicolor imaging ( Figure  1A ) can supply important information about the molecular composition of these subnuclear domains.
These observations indicated that these nuclear bodies are active structures, and this was confirmed by measurements of the exchange of proteins within these subnuclear compartments using the technique of fluorescence recovery after photobleaching (FRAP). The FRAP technique uses photobleaching of the labeled proteins in a region of interest (ROI) to measure the kinetics of the redistribution of the population of fluorescent-labeled proteins over space and time ( Figure 1B ). The influx of labeled proteins from outside the bleached area is monitored, and plotting the recovery of fluorescence in the ROI provides an estimate of the mobile fraction of the labeled protein population ( Figure 1B) . It is important to note that proteins interact with varying affinity with other molecules in the cell, so diffusion constants determined from FRAP experiments must be carefully interpreted (33) . The FRAP technique was recently used to monitor the flux of fluorescent proteinlabeled component proteins through Cajal bodies. Studies by Sleeman et al. (34) showed that p80 coilin was rapidly exchanged from Cajal bodies. Dundr et al. (35) then analyzed many different proteins known to associate with Cajal bodies using a modified FRAP approach, and these studies revealed several distinct kinetic classes of protein exchange from these nuclear bodies. Together, these results demonstrated that these nuclear bodies are very dynamic structures.
A third quantitative imaging approach takes the analysis of subcellular structures in single cells to the cell population level. This approach uses computer algorithms to automate the detection and measurement of subcellular features in large sets of highresolution images ( Figure 1C ). These automated approaches are designed to automatically segment images into ROI, and then apply the same set of rules to acquire measurements of those ROI in each image within the data set (20) . These automated approaches are important because they allow consistent and rigorous analysis of subcellular features in each of the highresolution images in the data set. We discuss in more detail the application of computer-based approaches to the analysis of nuclear protein distribution in the next section.
THE SELECTION OF TRANSFECTED CELLS FOR IMAGE ANALYSIS
Cell biologists are faced with a dilemma when using live-cell imaging to define the mechanisms that regulate the subcellular distribution of proteins. The problem is that the inherent heterogeneity in subcellular distribution prevents one from using the protein that is under investigation as the criterion for the selection of the cells to be imaged and analyzed. For example, the transcriptional corepressor proteins, including nuclear receptor corepressor protein (NCoR) and the silencing mediator of retinoid and thyroid hormone receptors, are organized with their histone deacetylase partners in discrete nuclear bodies called matrixassociated deacetylase bodies (36, 37) . Images of different cells transiently transfected with plasmids encoding NCoR labeled with yellow fluorescent protein (YFP) illustrates the heterogeneity in the organization of these subnuclear bodies, ranging from a diffuse distribution to an arrangement of highly concentrated focal bodies (Figure 2 ). This may partly reflect observations made by mRNA expression profiles that revealed extreme variability in transcriptional activity between individual cells in clonal populations; results that argue against the widely held notion of the "average" cell (38) . Additionally, the heterogeneity in subnuclear organization may reflect cells that are in different phases of the cell cycle (25) and can be compounded further by differences in protein expression levels within the transfected cell population (39) .
The heterogeneity that results from differences in protein expression levels in the transiently transfected cells can be reduced by using cloned cell lines that stably express the fluorescent protein-fusion proteins. However, the generation of stable cell lines is timeconsuming and may not be conducive to screening approaches to characterize protein function that may require many different combinations of the fluorescent protein-labeled proteins. Unfortunately, using transiently transfected cells that express heterogeneous levels of labeled protein(s), as illustrated in Figure 2 , creates a problem for the image analysis because no single image will adequately represent the population of cells expressing the labeled protein. This is complicated further when protein organization is influenced by changes in the experimental conditions, such as treatments that affect cell-signaling pathways. Even in situations where the investigator is blinded to treatment protocols, cell selection is subjected to unintentional user bias during the image acquisition, and the sampled cells may not accurately represent the population.
One solution is to use staining with fluorescent dyes to identify the cells for automated image analysis (40) . However, this approach is not 
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an effective way to choose cells that have taken up the plasmids for protein expression because transient transfection can be an inefficient process. We observed that cells co-transfected with plasmids encoding two or more of the fluorescent protein color variants predictably express each of the different color proteins. Taking advantage of this observation, we developed an approach for the unbiased selection of transfected cells using the rapid maturing, monomeric variant of Discosoma sp. red fluorescent protein (mRFP; Reference 41). Because mRFP is among the most redshifted of the fluorescent proteins yet described, it is very suitable for multi-spectral imaging applications. The approach is to cotransfect cells with expression plasmids encoding the protein(s) of interest fused to fluorescent proteins along with a plasmid encoding mRFP. This allows for the selection of cells for imaging based on the expression of the diffuse cellular mRFP, with no prior knowledge of the subnuclear organization of the co-expressed fluorescent proteinfusion proteins. The examination of hundreds of randomly selected mRFPexpressing cells revealed that over 95% also contained a detectable fluorescence signal from the co-expressed fluorescent protein-fusion proteins. The detection of mRFP provides an unbiased selection of cells expressing the labeled protein (39,41a) .
QUANTITATIVE ANALYSIS OF PROTEIN ORGANIZATION IN CELLS
Following the unbiased collection of cell images, it is necessary to use a consistent and rigorous method to analyze the subcellular features in each of the high-resolution images in the data set. Here again, user bias in the selection and measurement of specific subcellular features will introduce inaccuracies into the morphometric data, and this problem becomes more pronounced when multiple features within sets of digital images are subjectively measured (42) . This problem is being addressed through the development of automated computer algorithms, called computer vision approaches, which are designed for the segmentation of images into ROI using concisely defined rules (20) .
These computer vision algorithms have been used in a variety of image analysis applications to extract information from large data sets. Although they were not originally developed for use in cell biology, many of these computational techniques have been adapted for the analysis of fluorescent protein-fusion proteins concentrated in subcellular compartments. For instance, edge detection techniques and adaptive threshold calculations can automatically separate bright ROI from surrounding regions (43, 44) . These methods are less effective for fluorescence microscopy images containing low signal-tonoise ratios, and additional image smoothing techniques can be used to attenuate this problem (45) . Automated systems have also been designed to recognize and select ROI with more complex combinations of subcellular features (46) (47) (48) . Despite the power of these automated segmentation and measurement techniques, there are currently only a few examples where the approach has been used to address specific problems in cell biology. For instance, a combination of smoothing and edge detection techniques was used to identify and measure RNA splicing factor compartments, and an adaptive thresholding strategy was employed to select Cajal bodies for quantitative analysis (10, 49, 50) .
We used a similar approach to analyze the distribution of the YFPNCoR in the nuclei of over 100 cells selected from the transfected population using mRFP ( Figure 3A ). Within the cell population, individual cells expressed different relative levels of both mRFP and YFP-NCoR. We observed only a weak correlation between the expression of the mRFP selection marker and the YFP-labeled NCoR in the co-transfected cells ( Figure 3B ). This weak correlation allowed the selection of cells that expressed a wide range of YFP-NCoR, including cells that would not have been detected by eye through the fluorescence microscope. Therefore, the population of cells used for the analysis contained cells expressing very low levels of the YFP that would not have been captured using conventional qualitative imaging approaches. The population analysis of YFP-NCoR subnuclear distribution shown in Figure 3A precisely quantifies the significant relationship between fusion protein expression level and higher order protein organization. Similar concentration-dependent behavior was observed for several transcriptional corepressor proteins, as well as the nuclear receptor coactivator glucocorticoid receptor interacting protein (GRIP; Reference 51), indicating that fusion protein expression levels must be considered when comparing protein organization in different experimental cell populations. The application of these methods effectively reduces many millions of data points into a few thousand morphometric measurements. However, even these simplified morphometric data sets contain many interrelated parameters, which require statistical modeling to define the relationships between parameters. Fortunately, bioinformatics tools are being developed to manage the large amount of data generated by automated image analysis methods (23) . The integration of automated analysis routines and customized database software will allow high-resolution imaging techniques to rigorously quantify the behavior of large cell populations.
PROTEIN RECRUITMENT AND CO-LOCALIZATION
An important application of these quantitative imaging methods is the analysis of the functional associations between specific protein partners in living cells, complementing observations made using in vitro techniques. For instance, the use of biochemical approaches to characterize multiprotein complexes that function to modify chromatin structure and control the gene expression has been invaluable in describing mechanisms underlying gene regulation (51) (52) (53) 
DEFINING THE SPATIAL RELATIONSHIPS BETWEEN PROTEINS IN LIVING CELLS
The ability to define the spatial relationships between proteins labeled with the different color fluorescent proteins using fluorescence microscopy is limited by the diffraction of light to a resolution of approximately 200 nm. Objects that are closer together will appear as a single object, so considerable distances may actually separate proteins that appear co-localized by fluorescence microscopy ( Figure 4A) . Importantly, the spectral properties of the fluorescent proteins allow them to be used as donor and acceptor fluorophores in FRET microscopy (21) (22) (23) (24) . FRET microscopy detects the transfer of excitation energy from donor to acceptor fluorophores that is the result of their direct electromagnetic interactions; there is no intermediate photon involved. When energy transfer occurs, the donor fluorescence is quenched, and there is a concomitant increase in acceptor fluorescence, which is called sensitized emission ( Figure  4B ). Because the distance over which energy transfer can occur between fluorescent proteins is limited to less than about 8 nm, the detection of FRET provides measurements of the spatial relationship of the fluorophores on the scale of angstroms.
The efficient transfer of energy from donor to acceptor fluorescent proteins requires a significant overlap of the donor emission and acceptor absorption spectra. The Förster distance (R 0 ), the distance at which energy transfer is 50% efficient, is derived based on the spectral overlap of the fluorophore pair used for the FRET experiments (55, 56) . Provided that the donor fluorophore has a high quantum yield, fluorophore pairs that share more spectral overlap will be more efficient FRET partners. However, the increased spectral overlap also leads to a substantial increase in the background noise because of spectral bleed-through (SBT) from both donor and acceptor fluorophores. This is the case for the CFP and YFP color variants that are commonly used as a donor-acceptor pair for live-cell FRET imaging (17) . Their broad excitation and emission spectra and relatively small Stokes' shifts make the separation of sensitized acceptor emission (FRET) from the SBT background signals challenging. The continued discovery and modification of the fluorescent proteins promise the development of new FRET probes with improved characteristics. For instance, the recent cloning of new cyan and orange color variants may provide fluorescent proteins with improved characteristics for FRET imaging (57) . Until these are generally available and well characterized, however, we must take advantage of the fluorescent proteins that are currently at hand.
MEASUREMENT OF SENSITIZED EMISSION
The SBT background signals result from the excitation of the acceptor at the wavelengths used to excite the donor, and from donor emission into the channel used to detect the sensitized acceptor emission. The accurate measurement of sensitized acceptor emission requires methods to identify and remove sources of noise and SBT signals, and several different computer algorithms have been designed for this purpose (58-60). A comprehensive comparison of these and other correction methods was recently published (61) . The common approach is to acquire reference images of control cells expressing either the donor-or the acceptor-labeled proteins alone and then to use these data to define the SBT components in the FRET channel. These methods assume a linear relationship between the double-labeled experimental cells and single-labeled reference cells imaged under the same conditions and use the information from the reference cells for the correction of donor and acceptor bleed-through signal. Both SBT and fluorophore expression level corrections are incorporated in mathematical calculations, allowing corrections based on variable donor and acceptor levels in individual cells within a transfected population (60) . The contribution of background and SBT signals is then removed from the FRET data on a pixel-by-pixel basis to obtain a corrected FRET signal. These correction approaches work best when the donor and acceptor concentrations are similar because estimates of sensitized emission following subtraction of large SBT contributions are more susceptible to noise (61) .
Measurements of sensitized emission using SBT correction methods have provided important insights into the subcellular distribution of interacting protein complexes within living cells. For example, Jiang and Sorkin (62) used SBT correction FRET measurements to demonstrate the interaction of epidermal growth factor receptor with cell signaling adaptor proteins. These studies revealed that the internalized receptor protein complex was associated with signaling proteins in endosomes, which resulted in prolonged receptor signaling (62) . Similarly, Oliveria and colleagues (63) used an SBT correction FRET approach to detect the interactions of the catalytic subunits of protein kinases with scaffold-anchoring proteins located at cell membranes. Their application of SBT correction FRET measurements demonstrated for the first time the formation of a ternary complex involving two different protein kinase catalytic subunits with the scaffold-anchoring proteins (63) .
METHODS BASED ON ACCEPTOR PHOTOBLEACHING
Importantly, the measurements of sensitized acceptor emission obtained using SBT correction methods can be verified by using the technique of acceptor photobleaching FRET (pbFRET). This approach, first described by Bastiaens and Jovin (64, 65) uses photobleaching to selectively destroy the acceptor fluorophores. When energy transfer occurs, the donor emission is partially quenched by the direct transfer of excitation energy to the acceptor. If the acceptor fluorophore is destroyed, FRET will be eliminated and the donor signal will increase (i.e., dequench), with the change in the donor signal being a measure of the efficiency of FRET ( Figure 4C The photobleaching approach requires the selective bleaching of the acceptor because any bleaching of the donor fluorophore will lead to an underestimation of the dequenching (67) (68) (69) . A method to correct for decreased energy transfer efficiency resulting from donor bleaching during acceptor pbFRET has been recently described (70) . Likewise, it is important that the selective bleaching of the acceptor be as complete as possible because incomplete acceptor bleaching can give rise to an underestimation of energy transfer efficiency (61) .
The major limitation of acceptor photobleaching measurements is that they represent an end-point experiment, but they can serve to verify FRET results obtained by other methods at earlier time points. For example, Wouters and Bastiaens (71) used acceptor pbFRET to calibrate their FRET measurements of epidermal growth factor receptor phosphorylation. Elongovan et al. (60) substantiated their SBT correction method with the acceptor bleaching method and found that the average efficiencies of FRET estimated using the acceptor bleaching method were somewhat lower than average efficiencies estimated by software correction, which may reflect incomplete acceptor photobleaching. In their studies, Riven et al. (72) used both SBT correction and acceptor bleaching methods to characterize the interactions of potassium channel subunits in membranes of living cells. These authors then applied the technique of fluorescence anisotropy to demonstrate that the CFP and YFP linked to the membrane proteins adopted random orientations on the time scale of FRET, allowing them to accurately estimate the distance separating the fluorophores labeling the potassium channel subunits (72) .
Cell movement and focal plane drift during the measurements are a common source of error in acceptor pbFRET measurements. Such movement artifacts appear as regions of either very high or negative FRET in energy transfer efficiency images (67) . While there are many recent examples of the successful application of acceptor pbFRET to living cell preparations (35, (72) (73) (74) , protein movement during image acquisition and photobleaching can be a significant obstacle. For example, both the studies by Jiang and Sorkin (62) and Oliveria et al. (63) , which were described above, reported that movement of the membrane-associated protein complexes prevented the use of acceptor pbFRET in living cells. These authors were able, however, to make these measurements in fixed cell preparations. For live-cell measurements, it is advisable to bleach half the field of cells to provide an internal control for overall photobleaching or focus shift during the measurement (64, 65, 75) . For single cell measurements, it is also possible to use acceptor photobleaching measurements on a defined ROI. This technique, called FRET-FRAP, monitors the dequenching of the donor signal after acceptor photobleaching within a particular ROI. The kinetics of requenching of the donor within the ROI is then measured as the bleached acceptor is exchanged for the nonbleached acceptor (76) . This approach has the advantage of measuring FRET in two ways (donor dequenching and requenching) and has the added benefit of providing information about the stability of the protein complex being investigated.
As with all experimental approaches, it is important to make many independent FRET measurements from a population of cells and to use statistical approaches to verify differences between samples or treatments (77) . Careful analysis of the control samples is also important to rule out other potential artifacts. The inclusion of donor and acceptor-labeled proteins that are known to dimerize or that are fused directly to one another can be used as positive controls (73, 78) . Similarly, a sample containing colocalized but noninteracting donors and acceptors expressed at levels similar to the experimental proteins can serve as a negative control. Using this control, Karpova and co-workers (73) identified a low level of FRET signal from the negative control cells. This result may be related to the weak interactions between the fluorescent proteins themselves. Zacharias and colleagues (74) identified a hydrophobic patch at the carboxyl-terminus of the Aequoreabased fluorescent proteins that allows the β-barrels to associate. Studies using fluorescence fluctuation spectroscopy measurements of GFP expressed in living cells demonstrated that when GFP is free to diffuse within the volume of the cell, there does not appear to be significant self-association, even at high concentrations (79) . However, the potential for fluorescent proteins to form dimers becomes a significant concern when fusion proteins are expressed at high concentrations in a restricted volume, such as inside a cellular organelle or in diffusion-limited compartments, such as in the two-dimensional space of biological membranes (80). Zacharias et al. (74) showed that the substitution of alanine 206 with lysine blocked dimer formation without changing any other characteristic of the fluorescent proteins. Given the concerns for potential artifacts in FRET studies, especially when measuring dynamic protein interactions in restricted volumes inside the living cell, it seems sensible to use the monomeric fluorescent protein mutants.
FLUORESCENCE DECAY KINETICS MEASUREMENTS
Conventional fluorescence microscopy uses differences in the intensity of the probes to reveal microscopic morphology and report the location of particular molecular components. In contrast, FLIM measures the fluorescence lifetime of the probes-the time that a probe spends in the excited state prior to returning to the ground state (81) (82) (83) (84) (85) (86) . The fluorescence lifetime is an inherent property of a probe that is sensitive to environmental and physical processes that influence the excited state (85, 86) . The advantage of FLIM over fluorescence intensity measurements is that the excited-state lifetime measurements can be separated into different decay components that provide more detailed information about the environment surrounding the probe ( Figure 4D) . Thus, where conventional microscopy detects fluorescent proteins with similar fluorescence intensity distribution throughout a cell, FLIM may detect regional differences in the fluorescence lifetimes, which would indicate different local microenvironments.
There are two different microscope-based methods that are most commonly used to acquire fluorescence lifetime measurements made in the frequency domain and those made in the time domain. The time-domain methods determine probe lifetimes using extremely fast excitation pulses (femtosecond) and fast-gated detection circuits that are synchronized to the excitation source. In this case, the fluorescence signal emitted after the short excitation pulse is integrated in two or more time windows. The relative intensity captured in the time windows is used to calculate the decay of fluorescence as a function of time. Alternatively, fluorescence lifetime can be measured using frequency-domain methods. Here, the specimen is excited by a sinusoidally modulated source at frequencies typically between 20 and 200 Mhz (to resolve nanosecond lifetimes). The resulting fluorescence emission will also be sinusoidally modulated, but with a different phase and amplitude than the excitation waveform. This is because the excitedstate lifetime of the fluorophores imposes a time lag, and the resulting phase shift and modulation can be used to determine the lifetime composition of the sample volume. There are several review articles that provide a comprehensive discussion of these different methods (16, (85) (86) (87) (88) .
The strength of the FLIM approach is that it can detect probes residing in different subcellular environments that would not be revealed by fluorescence intensity measurements. Because the fluorescence lifetime of a fluorophore is sensitive to environmental and physical processes that influence the excited state, it also provides a method to detect FRET (16, 71, 87) . In the presence of an acceptor, the mean lifetime for the donor population is shifted to shorter lifetimes because energy transfer dissipates the donor excited-state energy, and measurements made using decay kinetics can detect this ( Figure 4C ). These measurements can potentially provide more detailed information about molecular interactions in living cells. For instance, measuring fluorescence lifetimes of the protein population within the living cell may expose several different molecular species, each with characteristic lifetimes. Repeated measurements may reveal dynamic changes in fluorescence lifetimes within the protein population and can be used to evaluate temporal changes in resonance energy transfer.
In practice, however, the fluorescence decay of fluorophores, especially in complex environments within living cells, is most often multiexponential. For example, most of the GFP mutants examined in living cells exhibit multiexponential fluorescence decays, and this complicates the interpretation of fluorescence lifetime measurements (89) (90) (91) . In this regard, CFP is known to exhibit different fluorescent states that are reflected in lifetime measurements from cells that express CFP (92, 93) . Recently, Rizzo et al. (94) reported that the substitution of two hydrophobic residues on the solvent-exposed surface of CFP stabilized the protein in a single conformation. Lifetime measurements determined for the purified recombinant protein were best fit to a single exponential decay, indicating that this mutant CFP may be a more suitable probe for FLIM studies (94) , but measurements in the context of living cells will be necessary to support this.
For some biological applications, it may be adequate to assume that FRET measurements obtained from lifetime decay kinetics conform to a simple two-component model, which describes the donor lifetimes as a population quenched by FRET and an unquenched population (95) . However, this assumption may not be valid in other complex cellular systems because fluorescent protein lifetimes and FRET efficiencies may vary locally REVIEW in unpredictable ways, resulting in an unknown number of lifetime components (96) . Again, it is possible to verify the effect of FRET on the donor population by using the acceptor photobleaching method described above. Here the selective photobleaching of the acceptor should lead to a shift in the donor lifetime distribution to that of the unquenched donor population (97) . The information obtained using fluorescence decay kinetic measurements can both complement intensitybased FRET imaging approaches and extend the analysis to the mapping of specific angstrom-level interactions that are localized in distinct regions of the living cell.
CONCLUSIONS
Our goal here was to introduce the basic concepts behind the quantitative techniques and statistical methods used to analyze the functional recruitment, co-localization, and interactions of proteins within subcellular compartments. We outlined an approach for the unbiased selection of cells and the consistent quantitative analysis of protein distribution within those cells. While these approaches can quantify the co-localization of specific protein partners in the same subcellular domains, the optical resolution of the light microscope is not sufficient to define precise spatial relationships between proteins. In this report, we reviewed the use of the FRET technique for acquiring more precise information about the distances separating proteins expressed in living cells. These intensity-based imaging methods detect localized concentrations of the probes and are prone to problems associated with out-of-focus signal from outside the focal plane. We discussed how the technique of FLIM overcomes these problems, and how the FLIM-FRET approach can provide more detailed information about molecular interactions in living cells. Despite the power of these FRET-based approaches, it is important to point out that by themselves, they cannot prove the direct interaction of the labeled proteins. Other techniques, such as coimmunoprecipitation, epitope-tagged protein pull-down, and two-hybrid assays are needed to substantiate the direct protein-protein interactions between specific protein partners. However, these approaches are also subject to potential artifacts due to the nonphysiological conditions of protein extraction and analysis. Despite its limitations, live-cell FRET-based imaging provides the most physiological relevant method for studying protein interactions currently available.
Finally, FRET results from single cells are, by themselves, not sufficient to determine whether, or how, proteins interact in living cells. In this regard, it is important to realize that the detection of FRET provides information about the spatial relationship of the fluorophores and not necessarily the proteins to which they are linked. FRET results by themselves cannot prove the direct interaction of the labeled proteins, but rather the fluorescent proteins serve as surrogates for the relative spatial positions of specific protein domains. Although the FRET measurements, when collected and quantified properly, are remarkably robust, there is still heterogeneity in the measurements. Further, there may also be substantial cell-to-cell heterogeneity for some interactions. Therefore, data must be collected and statistically analyzed from multiple cells to prevent the user from reaching false conclusions from a nonrepresentative measurement. The correlation of data from FRET imaging techniques and quantitative morphometric analysis methods reviewed here will establish further connections between protein interactions, subcellular protein localization, and biological function in the context of the living cell.
